
REVIEW ARTICLE
published: 07 October 2014

doi: 10.3389/fpls.2014.00511

The role of dynamic instability in microtubule organization
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Microtubules are one of the three major cytoskeletal components in eukaryotic cells.
Heterodimers composed of GTP-bound α- and β-tubulin molecules polymerize to form
microtubule protofilaments, which associate laterally to form a hollow microtubule.Tubulin
has GTPase activity and the GTP molecules associated with β-tubulin molecules are
hydrolyzed shortly after being incorporated into the polymerizing microtubules. GTP
hydrolysis alters the conformation of the tubulin molecules and drives the dynamic behavior
of microtubules. Periods of rapid microtubule polymerization alternate with periods of
shrinkage in a process known as dynamic instability. In plants, dynamic instability plays
a key role in determining the organization of microtubules into arrays, and these arrays
vary throughout the cell cycle. In this review, we describe the mechanisms that regulate
microtubule dynamics and underlie dynamic instability, and discuss how dynamic instability
may shape microtubule organization in plant cells.
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INTRODUCTION
Microtubules are present in all eukaryotic cells and play impor-
tant roles in a variety of cellular processes (Dustin, 1984; Bray,
2001). A key characteristic of microtubules is their dynamic
nature, and microtubules dynamically alter their organization in
response to the needs of the cell. Microtubule arrays in the somatic
cells of higher plants undergo dynamic changes in conformation
throughout the cell cycle. Specifically, microtubules form a corti-
cal microtubule array, pre-prophase band, mitotic spindle, and
phragmoplast during each round of the cell cycle (Wasteneys,
2002).

Each individual microtubule elongates or shrinks to fulfill a
specific role, and growing and shrinking microtubules co-exist
in the same cytoplasm. For instance, chromosome alignment at
the metaphase plate depends on the simultaneous presence of
both growing and shrinking microtubules. When chromosomes
are moved toward the metaphase plate, the microtubules attached
to one side of the kinetochore must elongate, while those at the
other side must shrink, even though all of these microtubules
exist in the same cellular environment. Furthermore, during
anaphase, the microtubules that connect spindle poles to kine-
tochores must disassemble to pull the chromosomes toward the
pole, whereas those that interdigitate at the equatorial plane must
remain assembled to maintain the distance between the poles.
Thus, mechanisms exist that permit microtubules in different
regions of a cell to display distinct dynamic properties. In this
review, we discuss the molecular mechanisms that control micro-
tubule dynamics and the effect that these dynamics have on the
organization of plant microtubule arrays. For this purpose, we
summarize our current understanding of mechanisms of micro-
tubule nucleation, elongation, and shrinkage, and describe how
such dynamic properties contribute to the organization of cortical
arrays and phragmoplasts.

MOLECULAR COMPOSITION OF THE MICROTUBULE
The microtubule is a polymer of α- and β-tubulin dimers
(Figure 1A). The tubulin dimers assemble in a head-to-tail man-
ner to form linear polymers called protofilaments (Figure 1B).
Multiple protofilaments, typically 13, assemble into tubular micro-
tubule structures. Since tubulin dimers are aligned in the same
orientation in a protofilament and all protofilaments in a micro-
tubule are parallel to each other, the microtubule is intrinsically
polar. The end that exposes β-tubulin (Mitchison, 1993; i.e., the
plus end) grows more rapidly than the end exposing α-tubulin
(i.e., the minus end; Cote and Borisy, 1981). The assembly and
disassembly of microtubules occurs by the addition and release
of subunits from the ends, respectively. The local concentration
of available tubulin subunits is the key factor that determines
the rate of microtubule growth/shrinkage. Although microtubule
assembly generally depends on the concentration of available sub-
units, this does not fully explain the dynamic properties of the
microtubule. Thus, the mechanisms that control localized micro-
tubule assembly and disassembly have long since been a topic of
discussion.

DYNAMIC INSTABILITY OF MICROTUBULES
The co-existence of growing and shrinking microtubules in
the same conditions is termed “dynamic instability.” This phe-
nomenon was first predicted based on observations of fixed
in vitro reconstituted microtubules (Mitchison and Kirschner,
1984a,b). Because reconstituted microtubules can be generated
from purified tubulin, the dynamic behavior of microtubules
is considered to be an intrinsic property, and not caused by
external controlling factors. The co-existence of growing and
shrinking microtubules was verified by observations of individ-
ual microtubules using unfixed preparations, and the “rescue”
event, i.e., the transition from shrinkage back to growth, was
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FIGURE 1 | Schematic diagram of microtubules. (A) Lateral arrangement
of tubulin dimers in the microtubule. The tubulin molecules are laterally
aligned along the three-start left-handed helix (indicated by a pink
wrap-around arrow) and different tubulin molecules thus meet at a seam
(indicated by a green arrow). (B,C) GTP hydrolysis causes a conformational
change in protofilaments. Whereas GTP–tubulins (B) have a straight
conformation that fits well in the wall of the microtubule, GDP-tubulins (C)

tend to curve outward from the microtubule lattice. β-tubulins bound to
GDP are shaded brown, whereas those bound to GTP are yellow.

Changes in inter-dimer interactions are indicated by arrows. (D–G)

Depolymerization and rescue of microtubules. While newly incorporated
tubulin dimers are all GTP–tubulins (D), GTP molecules are relatively
quickly hydrolyzed and most of the dimers in the microtubule become
GDP-tubulin (shaded in brown; D) Remnant GTP–tubulins in the
microtubule are indicated by blue arrows (E). Depolymerization can be
stopped by remnant GTP–tubulins as a “rescue” action (F). The addition of
new GTP-tubulins (blue arrows in F) resumes the growth, and the addition
of the tubulin dimers continues (G).

described (Horio and Hotani, 1986; Kirschner and Mitchison,
1986; Walker et al., 1988; van der Vaart et al., 2009). The micro-
tubules formed from purified tubulin dimers polymerize in a
concentration- and temperature-dependent manner. However,
they depolymerize in a stochastic manner that is unaffected by
the concentration of available tubulin or the state of the neigh-
boring microtubules. The execution and timing of rescue events
also occur in a stochastic manner (Kirschner and Mitchison, 1986;
van der Vaart et al., 2009). Under assembly competent condi-
tions, microtubules remain in the growth state for the majority
of the time and all microtubules grow at a similar rate deter-
mined by the concentration of tubulin dimers present in the
environment. The rate of microtubule depolymerization is sev-
eral fold faster than that of polymerization and does not directly
correlate with the subunit concentration. The transition from a

growing to a shrinking state is called “catastrophe.” Catastrophe
events appear to occur stochastically, and the depolymerizing
microtubules may or may not be rescued and resume growth. The
following parameters are frequently used to characterize micro-
tubules in a particular set of conditions: the growth rate and
duration, the shortening rate and duration, and the frequency
of catastrophe and rescue events. Recent observations of in vitro
reconstituted microtubules revealed that the molecular events dur-
ing microtubule polymerization are more complex than simple
subunit addition at the ends. The ends of each protofilament
of growing microtubules randomly alternates between periods
of subunit addition (growth) and loss (shrinkage), and paus-
ing (Kerssemakers et al., 2006; Schek et al., 2007; Gardner et al.,
2008). Microtubule growth means that subunits are added more
frequently than they are lost.
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STRUCTURAL BASIS OF MICROTUBULE GROWTH AND
SHRINKAGE
High-resolution analyses using cryo-electron microscopy revealed
the structure of assembling and disassembling microtubules
(Mandelkow et al., 1991; Chretien et al., 1995). During assem-
bly, tubulin dimers are added to the end of protofilaments and
the protofilaments bind laterally to each other to form a two-
dimensional sheet-like structure (Figure 1D). The longitudinal
edges of the sheet ultimately meet to form a tubular structure.

The guanine nucleotide molecule (i.e., GTP) bound to the
β-tubulin molecule plays a key role in dynamic instability.
Each α- and β-tubulin molecule binds one molecule of GTP
(Figures 1B,C). The GTP bound to the α-tubulin is neither
hydrolyzed nor exchanged, whereas that bound to the β-tubulin
can be exchanged when the dimer is free in solution. These
exchangeable GTP molecules are located at the head-to-tail inter-
face between subunits along a protofilament (Nogales et al., 1998;
Lowe et al., 2001) and are hydrolyzed shortly after being incorpo-
rated into the polymer. The hydrolysis of the GTP to GDP affects
the conformation of the inter-dimer interface (Figures 1B,C).
Structural studies indicated that, while the protofilament com-
posed of GTP–tubulin is almost straight, the natural conformation
of the protofilament of GDP-tubulin is curved outward from the
wall of the microtubule (Wang and Nogales, 2005; Nogales and
Wang, 2006). Lateral interactions between GTP–tubulin molecules
provide the force that holds these molecules together, resisting the
natural tendency of protofilaments composed of GDP–tubulins
to curve outward. Microtubule disassembly can be triggered by
a subtle change in the lateral interactions between the protofil-
aments. The tubulin subunits near the ends of rapidly growing
microtubules are more likely to be bound to GTP (Figure 1D),
and the loss of the GTP–tubulin portion, known as the GTP-
cap, renders the microtubules more prone to depolymerization
(Figure 1E). This GTP-cap model is supported by experimental
evidence and is widely accepted (Carlier et al., 1987; O’Brien et al.,
1987; Drechsel and Kirschner, 1994; Caplow and Shanks, 1996).

The mechanism underlying the rescue event is relatively poorly
understood (Figures 1E–G). It was postulated that the addi-
tion of new tubulin dimers to the shrinking ends of multiple
protofilaments stops depolymerization (Bayley et al., 1990). Direct
observations using a GTP–tubulin-specific antibody revealed
that GTP–tubulin patches exist in the middle of microtubules
(Dimitrov et al., 2008; Figure 1E, arrows). These GTP–tubulin
patches may contribute to the rescue events following depoly-
merization. Although the frequency of rescue events is important
for controlling microtubule organization in vivo, the mechanism
underlying GTP–tubulin patch formation is unknown (Dimitrov
et al., 2008).

A noteworthy inconsistency of the GTP-cap model is the behav-
ior of the minus, or slower growing end. In principle, the minus
end should be more inclined to undergo depolymerization than
the quicker growing plus end, because the minus end would be
expected to lose its GTP-cap more readily and frequently than
the plus end; however, experimental evidence indicates that the
opposite is true (Horio and Hotani, 1986; Walker et al., 1988).
Furthermore, the newly exposed minus ends created by physical
severing of the microtubules are quite stable, as these ends used to

be located in the middle of longer microtubules (Tran et al., 1997).
By severing a microtubule, a new plus end and minus end are
created and the subunits near the newly formed ends are predom-
inantly in the GDP form. According to the GTP-cap model, both
new microtubules are highly likely to depolymerize from their
newly created ends. However, this is only true for the new plus
ends. Although microtubule behavior after cutting is important in
living cells, the details of this behavior are unknown.

REGULATORS OF MICROTUBULE DYNAMICS
Since microtubules formed in vivo cannot be permitted to grow
and shrink in a stochastic manner, multiple proteins interact
with microtubules to control their intrinsic instability. A group
of proteins promotes the nucleation of the microtubules. Most
in vivo nucleation events of microtubules occur at microtubule
organizing centers (MTOCs) and are facilitated by the γ-tubulin
microtubule nucleator complex (γ-TuC; Job et al., 2003; Kollman
et al., 2011). γ-tubulin and its complexed proteins assemble to
form an open ring-like structure, which is assumed to serve as
a template for the protofilament arrangement, known as the γ-
tubulin ring complex (γ-TuRC). One interesting characteristic of
the γ-TuRC is that it forces the tubulin to form 13-protofilament
microtubules, whereas protofilaments that are allowed to associate
spontaneously typically give rise to 14-protofilament microtubules
(Evans et al., 1985).

Regulator proteins that control microtubule dynamics can be
categorized into two groups, i.e., those that promote the assembly
of microtubules and those that work to destabilize microtubules.
Different regulators use different mechanisms to regulate micro-
tubule dynamics. Microtubule-associated proteins (MAPs) are
a group of microtubule-stabilizing proteins that co-purify with
tubulin (Hamada, 2007; van der Vaart et al., 2009; Gardiner, 2013).
Conventional MAPs bind to tubulin at multiple binding sites and,
by cross-bridging multiple subunits, stabilize inter-subunit inter-
actions. MAPs stabilize microtubules by suppressing dissociation
of the subunits, and are known to promote both the nucleation
and assembly of microtubules in vitro.

One group of MAPs, XMAP215 and its homologous pro-
teins, exhibits unique functions. This group of proteins promotes
microtubule nucleation and increases the rate of microtubule
assembly; however, unlike other MAPs, members of this group
contain a single microtubule-binding site, called a TOG-domain.
These proteins preferentially bind to tubulin dimers and pro-
cessively track the growing plus ends of microtubules (Hamada,
2007; Al-Bassam and Chang, 2011). A detailed description of the
interaction between the XMAP215 group of proteins and tubu-
lin is presented in an accompanying paper of this issue (Hamada,
2014).

MAP65/Ase1/PRC1, a MAP conserved in higher eukary-
otes, contributes to microtubule bundle formation by crosslink-
ing antiparallel microtubules (Chang-Jie and Sonobe, 1993;
Smertenko et al., 2000). Microtubule-bound MAP65 stops micro-
tubule depolymerization during the shrinkage phase (Stoppin-
Mellet et al., 2013), as do other MAPs (Ichihara et al., 2001). In
addition, MAP65 modifies the mechanical property of micro-
tubules. Microtubules decorated with MAP65-1 or Ase1 become
more flexible than MAP-free microtubules (Portran et al., 2013).
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Softening of microtubules is considered to be necessary for angle-
dependent bundle formation, which in turn is essential for
organizing microtubules into cortical arrays in plant cells (see
below).

A particular group of MAPs, called +TIPs, tracks microtubule
plus ends. One of the +TIP proteins, EB1, preferentially binds
the seam of microtubules and is thought to stabilize the tubular
conformation of microtubules. Several different types of +TIPs
exist in the cell. Some +TIP proteins are known to affect the
organization of cellular microtubules; however, in many cases,
it is unclear whether this is a direct or indirect effect of these
proteins (Kumar and Wittmann, 2012). CLASP was the first
+TIP member to be identified. Subsequent research revealed that
CLASPs are multifunctional proteins, with functions beyond plus-
end capping, and use TOG-domains to bind to the microtubules
(Kumar and Wittmann, 2012). The function of CLASPs is a lit-
tle different from that of another TOG-domain protein, MAP215.
While MAP215 promotes microtubule assembly, CLASPs stabilize
microtubules by promoting rescue events (Al-Bassam et al., 2010;
Al-Bassam and Chang, 2011).

Several proteins destabilize microtubules. Typical microtubule-
destabilizing proteins act by promoting catastrophe events. Vari-
ous members of the kinesin family of microtubule motor proteins
are known to depolymerize microtubules based on experiments
conducted mostly in animal and fungal cells (van der Vaart et al.,
2009). Kinesin-13 has a high affinity for depolymerizing curved
protofilaments, and the three-dimensional structure of kinesin-13
fits very well to the curved protofilaments of disassembling micro-
tubules. Thus, kinesin-13 is considered to promote microtubule
catastrophe by causing protofilaments to adopt a curved confor-
mation (Moores et al., 2002; Newton et al., 2004). Kinesin-8, which
glides along microtubules and accumulates at their plus ends, is
also known to promote microtubule disassembly from the plus
ends (Gupta et al., 2006; Varga et al., 2006; Mayr et al., 2007).
Interestingly, kinesin-8 preferentially promotes the disassembly of
longer microtubules over shorter ones. This activity is useful for
maintaining the length of microtubules within a preferable range
in vivo.

REGULATORS OF MICROTUBULE DYNAMICS IN LAND
PLANTS
As discussed above, little is known about the regulators of micro-
tubule dynamics in land plants. Genes encoding γ-TuRC proteins
are conserved in land plants (Murata et al., 2007), and plant micro-
tubules likely have 13 protofilaments. The ortholog of XMAP215
in Arabidopsis thaliana is MOR1 (Whittington et al., 2001), and its
temperature-sensitive mutant mor1-1 shows reduced microtubule
dynamicity (Kawamura and Wasteneys, 2008), which is consis-
tent with MAP215 function in animal cells. While the A. thaliana
genome encodes only one XMAP215 ortholog, it has 9 MAP65
genes (Hussey et al., 2002). Among these genes, MAP65-1 and
MAP65-2 likely function in microtubule bundling in interphase
cells (Lucas et al., 2011). In the case of +TIPs, genes characterized
in animal cells are not conserved in land plant genomes, except
for EB1 and CLASP. Arabidopsis thaliana has three EB1 genes, and
EB1c has been demonstrated to stabilize microtubules (Komaki
et al., 2010). CLASP was also found to limit catastrophe events

during interphase microtubule array organization (Ambrose et al.,
2011). Therefore, the roles of these +TIPs in regulating micro-
tubule dynamics in land plants are consistent with those of their
animal orthologs.

Kinesin-13 has been demonstrated to mediate microtubule
depolymerization in land plants (Oda and Fukuda, 2012). How-
ever, the function of kinesins and their localization in the
mitotic apparatus do not necessarily correspond to those of
homologous kinesins in other organisms (Miki et al., 2014).
Therefore, additional research should aim to identify the func-
tions of different groups of kinesins in controlling microtubule
dynamics.

In addition to regulators that are conserved in many eukaryotes,
land plants also have unique regulators. SPIRAL2 is a land plant-
specific microtubule binding protein that reduces pausing of
microtubule growth (Yao et al., 2008). In addition, it binds to
microtubule crossover sites and recruits the microtubule-severing
protein katanin (Wightman et al., 2013). The role of microtubule
severing in microtubule organization is a central topic of this
review, and is discussed in detail in the following sections.

HOW IS THE CORTICAL ARRAY ORGANIZED IN PLANT CELLS?
Microtubule organization in land plant cells changes during the
cell cycle (Wasteneys, 2002). In interphase, microtubules local-
ize along the plasma membrane as a cortical array. Before entering
mitosis, microtubules form a bundle, called the preprophase band,
at the future site of cytokinesis. During mitosis, they form an
acentrosomal mitotic spindle. During cytokinesis, they form a
phragmoplast, which is involved in cell plate deposition. Among
these organized structures, the microtubule dynamics in the inter-
phase cortical array have been the most extensively studied during
the last decade (Shaw et al., 2003; Chan et al., 2007; Oda and
Fukuda, 2012; Lindeboom et al., 2013), probably because micro-
tubules near the cell surface can be more readily visualized than
those in the cell interior. Due to the simple two-dimensional
organization of cortical microtubule arrays, computer simulation
techniques can be used to analyze array organization. In the fol-
lowing section, we discuss the mechanism by which cortical array
organization is related to microtubule dynamics.

MECHANISM OF MICROTUBULE ALIGNMENT BY
MICROTUBULE–MICROTUBULE INTERACTIONS
Cortical array organization is divided into two levels. The pri-
mary level involves parallel array formation, and the higher-order
level involves guiding the parallel array perpendicular to the axis
of growth. The primary level of organization is explained by
local interactions between microtubules. Dixit and Cyr (2004)
found that when the growing plus ends of microtubules encounter
the flanks of existing microtubules, the response of the micro-
tubules depends on the angle of contact. When the growing plus
ends hit the wall of existing microtubules at a shallow angle
(i.e., <40 degrees), the ends change direction and continue to
grow in parallel with the existing microtubules, forming a par-
allel bundle. When they encounter the wall at a large angle (i.e.,
>40◦), the microtubules run across the existing microtubules or
initiate a catastrophe event. Computer simulations suggest that
angle-dependent bundling and catastrophe represent an effective
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mechanism for the local ordering of microtubules (Dixit and Cyr,
2004).

Microtubules are formed on preassembled tubulin seeds called
γ-tubulin complexes. Upon nucleation, most of the complexes
bind to the existing microtubules (Nakamura et al., 2010) and
nucleate new microtubules as 40◦ branches (Murata et al., 2005) or
parallel bundles (0◦; Chan et al., 2009), although a minor fraction
of the complexes (1.4% in Nakamura et al., 2010) nucleate new
microtubules without binding to the existing microtubules (Naka-
mura et al., 2010; Kirik et al., 2012). The 40◦ branching and a small
amount of microtubule-independent nucleation continuously
supply discordant microtubules to the ordered microtubule array.
To maintain a parallel array, such discordant microtubules
must be removed or reoriented. The angle-dependent order-
ing is an effective mechanism for maintaining parallel arrays of
microtubules.

An A. thaliana mutant of the Xenopus MAP215 ortholog
MOR1, mor1-1, exhibits defects in forming parallel microtubule
arrays (Whittington et al., 2001). This phenotype can be explained
by a defect of microtubule–microtubule interactions. Because
the MAP215 family of proteins mediates tubulin exchange at
the tip of microtubules, both growth and shrinkage of micro-
tubules are suppressed in the mor1-1 mutant (Kawamura and
Wasteneys, 2008). Suppression of microtubule dynamics might
limit microtubule interactions. Computer simulations demon-
strated that such defects in microtubule dynamics result in the
formation of disorganized microtubule arrays (Allard et al., 2010;
Eren et al., 2010).

Although angle-dependent microtubule bundling is important
for microtubule ordering, the underlying molecular mechanism
is unclear. Because microtubule bundling by the microtubule
bundling protein MAP65-1 depends on contact angles between
microtubules in vitro (Tulin et al., 2012), MAP65-1 may medi-
ate microtubule bundling in living cells. However, MAP65-1
specifically bundles antiparallel microtubules (Tulin et al., 2012),
whereas almost all microtubules encountered at shallow-angles
form bundles in living cells (Dixit and Cyr, 2004). The encoun-
tered bundles are likely equal mixes of parallel and antiparallel
arrays. In addition, double mutant plants of map65-1 and map65-
2, the sister gene of tobacco MAP65-1 in A. thaliana, can form
microtubule bundles (Lucas et al., 2011). Other bundling proteins,
such as kinesin-5 tetramers, may be involved in angle-dependent
bundling, in addition to MAP65s. Interestingly, a mutant of
kinesin-5 in A. thaliana, rsw4 (Bannigan et al., 2007), shows
disordered microtubules in cortical arrays (Wiedemeier et al.,
2002).

ROLE OF KATANIN, THE MICROTUBULE-SEVERING PROTEIN
After microtubules nucleate as branches on existing microtubules,
the minus ends of microtubules are often severed by the micro-
tubule severing protein katanin (Nakamura et al., 2010). The
minus ends formed by severing start to depolymerize (Shaw
et al., 2003). Because the plus ends usually elongate, the sev-
ered microtubules show treadmilling as a whole and maintain
their overall length. The depolymerization of minus ends of
the branched microtubules might contribute to the removal of
diagonally running microtubules in the array.

The mechanism underlying minus-end depolymerization after
cutting is unknown. It is assumed that microtubule ends created
by cutting start to depolymerize because of a lack of GTP caps.
However, minus ends created by artificial cutting in vitro do not
depolymerize, although the plus ends do (Tran et al., 1997). There-
fore, we expect that an uncharacterized mechanism exists that
depolymerizes minus ends in living cells.

Microtubule crossovers made by wide-angle crossing are also
severed (Figure 2A; Wightman and Turner, 2007). Katanin is
recruited to microtubule crossover sites, where it severs the newly
crossed but not existing microtubules (Zhang et al., 2013). Because
the microtubule ends formed by severing frequently start to
depolymerize, microtubule severing by katanin is considered to
have a role in the removal of discordant microtubules. Supporting
this idea, A. thaliana katanin mutants have net-like microtubule
arrays in many cell types (Burk and Ye, 2002). In pavement cells,
the suppression of katanin recruitment by another microtubule-
interacting protein, SPIRAL2, leads to the formation of net-like
microtubule arrays (Wightman et al., 2013). However, micro-
tubule severing does not always remove discordant microtubules.
The role of katanin in microtubule organization depends on the
behavior of microtubule ends after severing. At first, the severed
plus ends are thought to depolymerize. If the shrinking micro-
tubules are rescued, however, severing results in the production
of new microtubules, rather than the total loss of the severed
halves of microtubules (Figure 2B; Roll-Mecak and Vale, 2006).
In fact, microtubule proliferation by katanin-induced severing is
reported to occur in blue-light-induced microtubule reorienta-
tion in A. thaliana (Lindeboom et al., 2013). The mechanism by
which shrinking microtubules are rescued in living cells should
be examined in future studies. In in vitro-reconstituted micro-
tubules, rescue events likely occur either at the GTP–tubulin patch
(Dimitrov et al., 2008) or at the sites of MAP localization on
the microtubules (Ichihara et al., 2001). Testing these possibili-
ties would provide insight into the mechanism by which shrinking
microtubules are rescued.

MECHANISM BY WHICH MICROTUBULE ARRAYS ARE
ORIENTED IN SPECIFIC DIRECTIONS
The orientation of microtubules in the cortical array is important
for plant morphogenesis, because it determines the direction in
which individual cells grow. Computer simulation demonstrated
that the induction of catastrophe by end walls could orient
the cortical array transverse to the cell axis (Eren et al., 2010).
Boundary-induced catastrophe was found to occur in light-grown
Arabidopsis tissues, and the microtubule-binding protein CLASP
was shown to suppress edge effects (i.e., the catastrophe events trig-
gered when growing microtubules reach the cell’s edge; Ambrose
et al., 2011). CLASP localizes at specific edges, where it suppresses
catastrophe induction. As a result, microtubules preferentially pass
through the edge where CLASP localizes. Computer simulation
showed that modulating the edge effect was sufficient to orient the
cortical arrays (Ambrose et al., 2011).

However, later studies showed that CLASP localization in
the cell edge is not the only mechanism that modulates corti-
cal array orientation. Cortical arrays change their orientation in
response to external (e.g., light and gravity) and internal (e.g.,
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FIGURE 2 | Microtubule behavior after crossing in the cortical array.

(A) When a microtubule crosses an existing microtubule, the crossing
microtubule but not the existing microtubule is severed. + and – denote the
plus and minus ends of a microtubule, respectively. (B) The severed
microtubule depolymerizes at the newly created ends. In some cases, the
plus end starts to grow by a rescue event.

plant hormones) stimuli. When cortical arrays of A. thaliana are
reoriented from longitudinal to transverse by the simultaneous
application of gibberellin and auxin, reorientation starts from the
center of the tangential cell surface, leaving longitudinal micro-
tubules around the cell edge (Vineyard et al., 2013). Quantification
of the number of growing microtubules using the end-tracking
protein EB1 revealed that the number of microtubules generated
in the center of the tangential cell surface decreased after hormone
application. Therefore, changes in the number of newly formed
microtubules toward specific orientations are likely involved in
orienting the cortical array. Although microtubule array rotation
had been proposed to explain the reorientation of the microtubule
array (Takesue and Shibaoka, 1998; Chan et al., 2007), differ-
ent mechanisms are now known to be involved in this process
(Vineyard et al., 2013).

Changes in microtubule formation in blue light-induced
microtubule reorientation have been extensively analyzed
(Lindeboom et al., 2013). When dark-grown A. thaliana seedlings
are irradiated with blue light, microtubule arrays reorient from
transverse to longitudinal. Microtubule-severing activity at the
microtubule crossovers transiently increases in response to blue
light treatment, and severing-mediated microtubule prolifer-
ation increases the abundance of longitudinal microtubules,
such that transverse microtubules are ultimately replaced with
longitudinal ones. Microtubule nucleation on existing micro-
tubules is suppressed soon after blue light irradiation, and
this suppression is thought to inhibit further reorientation of
microtubules (Lindeboom et al., 2013). Observations of a loss-
of-function mutant of the TON2 gene, which encodes a subunit

of phosphatase 2A, suggest that microtubule nucleation at a 40-
degree angle is important for microtubule reorientation. Together
with TON1 (Spinner et al., 2013), which has sequence similarity
with the animal centrosome proteins FOP and OFD1 (Azimzadeh
et al., 2008), TON2 forms a phosphatase 2A complex. In the TON2
mutant, the frequency of 40-degree nucleation events among the
total number of nucleation events is reduced and blue light-
induced reorientation of microtubules is inhibited (Kirik et al.,
2012).

Cortical microtubule arrays often take on an oblique orien-
tation (Lloyd and Chan, 2002). Microtubules formed at oblique
angles result in stem twisting in A. thaliana (Thitamadee et al.,
2002). Mutants of tubulin subunits, including those that suppress
the GTP hydrolysis of tubulin dimers, have oblique arrays, but the
mechanism by which these arrays are oriented is unknown (Ishida
et al., 2007). Computer simulation revealed that modifying micro-
tubule dynamics alone would not reproduce microtubule arrays in
the oblique orientation (Eren et al., 2010). Different frequencies of
branched microtubule nucleation between the left and right sides
of microtubules or switching of nucleation patterns from random
nucleation to 40-degree branch nucleation are needed to repro-
duce arrays in the oblique orientation. However, such phenomena
have not been demonstrated in living cells. It should be noted
that the epidermal cells of Arabidopsis seedlings do not form hol-
low cylinders, and that the orientation of cortical arrays on the
outer and inner tangential walls is different (Crowell et al., 2011).
Computer simulations are unable to incorporate such complexi-
ties of cellular structure. Detailed live imaging of microtubules in
tubulin mutants at all faces of a cell and comparisons of micro-
tubule dynamics among the faces of tubulin mutants may provide
insight into the mechanism governing the formation of oblique
microtubule arrays.

HOW DOES THE PHRAGMOPLAST EXPAND?
While the mechanisms of cortical array organization are relatively
well understood, those in other microtubule arrays, including
the preprophase band, mitotic spindle, and phragmoplast, are
not. Complex three-dimensional array organization is one of the
reasons why such structures are challenging to analyze. Another
reason is that the growth and shrinkage of individual microtubules
cannot be directly observed in these arrays, except in the early
stage of preprophase band development (Dhonukshe and Gadella,
2003). In the case of phragmoplasts, however, photobleaching
methods have been successfully applied to analyze microtubule
dynamics (Hush et al., 1994; Smertenko et al., 2011; Murata et al.,
2013).

The phragmoplast consists of two sets of disk- or toroidal-
shaped microtubule arrays, both of which face the newly devel-
oping cell plate (Wasteneys, 2002). Some of the microtubules
are interdigitated at the phragmoplast equator (Ho et al., 2011),
although interdigitated microtubules were not detected in an
earlier analysis of the same type of cells (i.e., Arabidopsis root
cells) by freeze-substitution electron microscopy (Austin et al.,
2005). The polarity of microtubules in an array has been ana-
lyzed by tubulin decoration methods using lysed cells, and
plus ends were found to be located near the site of the cell
plate (Euteneuer and McIntosh, 1980). Hush et al. (1994) used
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fluorescence recovery after photobleaching to demonstrate that
microtubules in the phragmoplast turn over at a similar rate as
those in interphase cortical arrays. However, it was unclear how
and where microtubules were nucleated in the array. Smertenko
et al. (2011) proposed that the phragmoplast consists of short
microtubules that are nucleated on existing microtubules, based
on a computer simulation and on the observed pattern of micro-
tubule recovery after photobleaching. However, the proposed
model is inconsistent with previous observations of fixed cells,
which revealed that phragmoplasts contain microtubule bun-
dles with partial interdigitation in the midzone, where the cell
plate develops (Ho et al., 2011). Recently, we demonstrated that
the phragmoplast contains two distinct populations of micro-
tubules, i.e., dynamic microtubules and stable bundles (Murata
et al., 2013). The dynamics of these populations are signifi-
cantly different. The dynamic microtubules are nucleated from
stable bundles via γ-tubulin complexes located on the stable
bundles. This finding explains both the new model proposed
by Smertenko et al. (2011) and previous observations (Ho et al.,
2011). The dynamic microtubules correspond to the short micro-
tubules of the new model, and the stable bundles correspond
to the interdigitated microtubule bundles observed in fixed
cells.

Microtubule turnover in the phragmoplast is likely the driv-
ing force of cell plate expansion toward the plasma membrane.
When dividing cells are treated with the microtubule depoly-
merization inhibitor taxol, the rate of cell plate expansion is
greatly reduced (Yasuhara et al., 1993). This effect is thought to
occur because tubulin heterodimers supplied by depolymerizing
microtubules assemble on the outer margin of the phragmo-
plast, and the addition of microtubules on the outer margin
drives phragmoplast expansion, which results in the addition of
new cell plate to the margin of the developing cell plate (Jur-
gens, 2005). However, studies of fluorescent tubulin recovery
after photobleaching revealed that microtubules polymerize and
depolymerize in the same region of the phragmoplast (Hush et al.,
1994). Indeed, microtubule elongation in all regions of the phrag-
moplast has been demonstrated using GFP-EB1 (Smertenko et al.,
2011), the microtubule-plus-end tracking protein. Therefore, the
notion that microtubules depolymerize at the inner region of the
phragmoplast and the resulting free tubulin molecules polymerize
at the outer region is an over-simplified explanation of phrag-
moplast expansion. Quantitative analyses of local microtubule
polymerization and depolymerization are needed to understand
this mechanism. We quantified the microtubule depolymerization
rate at various points within the phragmoplast using fluorescence
loss in photobleaching (FLIP), and found that there was a gradi-
ent of microtubule depolymerization rates from the outside to the
inside of the phragmoplast. Therefore, differential rates of micro-
tubule depolymerization coupled with uniform polymerization
drive the redistribution of the phragmoplast microtubule array
(Murata et al., 2013).

POSSIBLE MECHANISMS OF MICROTUBULE
DEPOLYMERIZATION IN THE PHRAGMOPLAST
Because biased depolymerization of microtubules is essential for
the progression of cytokinesis, it is important to understand the

mechanism of microtubule depolymerization in the phragmo-
plast. It has been demonstrated that nascent dynamic microtubules
are converted to stable bundles around the outer margin of the
phragmoplast, and that microtubules in the bundles are prefer-
entially depolymerized in the inner margin (Murata et al., 2013).
Microtubules in the stable bundles are likely destabilized at the
inner margin, but the molecular mechanism is unknown. It
is possible that a MAP kinase cascade is involved in the reg-
ulation of microtubule stability in the phragmoplast. A MAP
kinase kinase kinase (MAPKKK) NPK1, which is bound to
NACK1 kinesin, localizes in the midzone of the phragmoplast
and activates downstream kinases of the cascade (Nishihama
et al., 2001). Because expression of a dominant negative mutant
of NACK1 arrests phragmoplast expansion, phosphorylation
by the downstream kinases is likely essential for phragmoplast
expansion (Nishihama et al., 2002). In the dominant-negative
mutant expressing cells, microtubules in the central region of
the phragmoplast persisted for a longer period, suggesting that
the phosphorylation pathway is involved in microtubule turnover.
A microtubule-bundling protein MAP65-1 is known to be phos-
phorylated by the downstream MAPK NRK1 (Sasabe et al., 2006).
Because overexpression of an NRK1-unphosphorylatable mutant
of MAP65-1 stabilizes microtubules in cortical arrays and inhibits
phragmoplast expansion (Sasabe et al., 2006), this protein is a good
candidate for a regulator of microtubule stability in the bundles.
However, it is still unknown how phosphorylation of MAP65-1
causes a gradient of microtubule stability, if this protein plays a role
in biased microtubule depolymerization, and whether MAP65-1
is the only target of the MAP kinase cascade.

Microtubules in the phragmoplast seem to be depolymer-
ized by a MAPK-independent mechanism. If NACK1 and MAP
kinase cascade proteins depolymerize microtubules, microtubules
would depolymerize from their plus ends at the midzone, where
the NACK1 and MAP kinase cascade proteins localize. How-
ever, microtubules likely depolymerize from their minus ends.
In mutants of the microtubule-severing protein katanin, phrag-
moplast microtubules are long and connected with the nuclear
envelope, where minus ends are mainly localized in the early stages
of phragmoplast development (Panteris et al., 2011). In addition,
GFP-katanin is predominantly localized to the distal region of
the phragmoplast (Panteris et al., 2011). Taken together, these
findings suggest that katanin-dependent microtubule depolymer-
ization from the minus ends could be involved in microtubule
depolymerization in the phragmoplast.

CONCLUDING REMARKS
In this review, we summarize the structural basis of microtubule
dynamics and discuss microtubule organization as a function
of microtubule dynamics. However, there is still a large gap in
our understanding of how microtubule dynamics documented
in vitro studies relate to the microtubule conformations observed
in living plants cells. Although many microtubule-binding pro-
teins have been characterized in plants, it is largely unknown
how these proteins spatially and temporally modulate micro-
tubule dynamics in living cells. Future studies should examine
the role of microtubule-binding proteins in the spatial regula-
tion of microtubule dynamics. Particularly, we have almost no
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information on how minus-end dynamics are regulated in living
cells. Newly created minus ends do not depolymerize in vitro, but
start shrinking in vivo. In mammalian cells, the proteins CAM-
SAP2 and CAMSAP3/Nezha, which regulate minus-end dynamics,
have been characterized (Jiang et al., 2014). However, these pro-
teins are not conserved in other organisms (Baines et al., 2009;
Jiang et al., 2014). Therefore, a primary focus of future work
in this field should be to identify and characterize the pro-
teins that regulate minus-end microtubule dynamics in plant
cells.
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